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The honey bee gut microbiome is essential for protecting this pollinator against
abiotic and biotic stressors, including the prevention of harmful gut parasites and
pathogens. Previous studies have not only demonstrated a linkage of bee gut dysbiosis to
increased immunodeficiencies and pathogen sensitivities, but also report the
maladaptation of the gut microbiome in bees exposed to agricultural and apicultural
chemistries. There are few techniques available that allow for a simple and reliable
analysis of the relative proportions of live and dead gut microbes in bees exposed to these
chemistries. Previous techniques for measuring gut symbiont dysbiosis are temporally
limited by the digestion and excretion of non-viable, double-stranded DNA (dsDNA)
from the host. Here, I will report a propidium monoazide (PMA)-based qPCR technique
to quantify the antibiotic- and fungicide-mediated dysbiosis of the bee gut microbiome.
Bees fed the antibiotics oxytetracycline and tylosin exhibited a 78% and 82% reduction,
respectively, of gut bacteria abundance when compared to untreated bees. Similarly, gut
microbes in bees fed chlorothalonil and Fumagilin-B were reduced by 44% and 68%,
respectively, compared to untreated bees. These data demonstrate the bee microbiome to
be depauperated within 24 h of exposure to agricultural and apicultural chemistries.
These data support previous evidence that agrochemical exposures may increase

pathogenicity of bee pathogens and gut parasites because of the critical role gut
microbiomes play in aiding the host immune system. Fungicides, such as chlorothalonil,
are not regulated to the extent of other pesticides and are sprayed during the high activity
periods of pollinators when incidental exposure are more likely to occur. This PMAbased qPCR approach, coupled with DNA sequencing, is a useful technology that can
rapidly identify changes in abundance and diversity of bee gut symbionts after fungicide
or antibiotic exposures. In turn, a PMA-based qPCR approach can assist in the discovery
of abiotic and biotic stressors of bee gut symbionts, which is an important step towards
reducing the loss of a managed agricultural pollinator.
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CHAPTER 1, LITERATURE REVIEW
Food security
The world’s population has increased from 1.6 billion to 7.8 billion individuals in
the last century (Goldewijket al., 2010; United Nations, DESA, 2015). This population
increase is due to better living conditions, advancements in medicine, and an increase in
food production (Godfray et al., 2010; Kinder, 2010). By 2050, the world population is
expected to reach ca. 10 billion individuals, with ca. 70% being concentrated to urban
areas (Alexandratos & Bruinsma, 2012). This urbanization will bring changes in food
consumption demands and, in combination with the income growth, a diversity of diets
(Alexandratos & Bruinsma, 2012). Grain shares and other staple crops are projected to
decline, while there will be increased demand for fruits and vegetables, many of which
benefit from insect-pollination. (Godfray et al., 2010; Alexandratos & Bruinsma, 2012;
POLLINATION, 2000). The global supply of fruits and vegetables falls beneath the
nutritional intake recommendations outlined by the World Health Organization. This
trend is predicted to worsen, unless there is increased production of fruit and vegetable
crops (WHO, 1990; Siegel etal., 2014). To meet the nutritional needs of the world’s
growing population, there is greater need for pollination services provided by insects.
Insect pollination
The pollination services provided by insects are required for ca. 90% of the
world’s flowering plants and 14-22% of agricultural crops depending on development
status. (Kearns, Inouye, & Waser, 1998; Klein et al., 2007). When these crops are
incorporated into food products, 35% of the human diet is thought to benefit from insect
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pollination (Klein et al., 2007). The value of these pollination services is estimated at 220
billion USD globally and 14 billion USD in the United States. (Gallai et al., 2009; Morse
& Calderone, 2000). The honey bee, Apis mellifera, is one the most common managed
bee in the world making it one the most important agricultural insects because the
pollination services it provides. Honey bees do not provide all insect pollination and are
not the most efficient pollinators for most crops but are ideally suited for monoculture
crops which comprise a large share of agricultural crops (NRC, 2006). Colonies of bees
have a relatively large work force of 10,000 to 40,000 individuals, a third of which
contribute in pollination known as foragers (Seeley, 1989). Bees are maintained/stored on
standardized, mass produced equipment and can be fed artificial diets of sucrose/protein
to increase their population in preparation for pollination. Honey bees are generalists and
visit a wide range of flower types this along with their ease of use allows their transport
over large distances to pollination sites making them well suited as commercial
pollinators (Seeley, 1989). The loss/decline of populations of honey bees would
represents a significant hurdle in future food production. For example, there are 115
leading food commodities in the world, and honey bees pollinate 52 of these products.
The lack of honey bee pollination would result in ca. 10-90% reduced yield of these food
however, severity of impacts are based on the level of insect-pollination dependency for
each crop (Gallai et al., 2009; vanEnglesdorp & Meixner, 2010; Klein et al., 2007).
Honey bee stressors
The loss of managed honey bee colonies is an agricultural challenge that warrants
attention from the scientific community, agriculture and apiculture industries, and policy
makers (Gallai et al., 2009). In 2006, the general media highlighted the loss of honey bee
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colonies following the reports of by six commercial beekeeping operations that lost 3090% of their colonies (vanEngelsdorp et al., 2007). These colonies were reported as
having a sudden reduction of adult workers, while queen and live brood were present in
the hive (vanEngelsdorp et al., 2007). These observed honey bee colony losses resulted in
a new syndrome defined as “colony collapse disorder”, or CCD (vanEngelsdorp et al.,
2007). Over the last decade, the symptoms of CCD have been associated with multiple
stressors that can lead to the loss of honey bee colonies, and these symptoms are just one
factor in the failure of the colonies.
Multiple stressors including, but not limited to, parasites, pathogens, malnutrition,
genetics, pesticide exposure and climate have been reported to be stressors. Parasites such
as the varroa mite (Varroa destructor) have often been a target of investigations (Nazzi et
al., 2012). Without in-hive chemical interventions, a colony infested by varroa mites is
likely to die within one to three years, making them the most serious global pest of the
European honey bee (Moore et al., 2015; Korpela, et al., 1992; Fries, et al, 2006;
Dietemann et al, 2012). Honey bees have physiological and behavioral against parasites,
bacteria, viruses, fungi, and protozoa, but when nutritionally stressed or exposed to
agrochemicals, these defenses may be reduced (Moore et al., 2015; Genersch, 2010;
Genersch, et al., 2006; Graystock et al., 2013; Brodschneider & Crailsheim, 2010; Rands
& Whitney, 2010; Gill et al., 2012; Goulson et al., 2015). It is assumed that multiple
stressors acting together on a colony will lead to more losses than any single stressor
alone (Sih et al., 2015; Coors & De Meester, 2008).
Honey bee malnutrition
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The growth and development of honey bee colonies is influenced by their dietary
requirements, with pollen being a critical, but limited source of nutrition (De Groot,
1953; Haydak, 1970). Pollen is a natural source of protein for honey bee colonies (De
Groot, 1953; Wille et al., 1985). The pollen is mixed with honey and nectar to produce
bee bread, which is the primary diet of the specific bees that tend brood with the colony
(Brodschneider & Crailsheim, 2010; Herbert & Shimanuki, 1978). Bee bread has a low
pH, less starch, and high nutritional value compared to that of pollen alone
(Brodschneider & Crailsheim, 2010; Ellis & Hayes, 2009). A honey bee colony will
typically collect ca. 10-26 kg of pollen, annually, from a variety of plant species
(Brodschneider & Crailsheim, 2010). Different pollens will often contain a variety
nutrients and amino acids that are essential for honey bee health (Haydak, 1970; Di
Pasquale et al., 2013; Matthias, et al., 2013). Brodenschneider and Crailsheim described
pollen collected from multiple sources as having higher nutritional value, to honey bee
colonies, than pollen collected from a single source. In the US, the abundance of
monocultures has increased over the last decade due, in part, to the rising prices of
biofuel crops (Smart, 2015; Otto et al., 2016). DiPasquale et al. (2013) report reduced
immune defense activity and survival for honey bees against the gut pathogen Nosema
ceranae when fed a monofloral diet. Conversely, high floral diversity near an apiary may
increase overwinter survivorship compared to apiaries with low floral diversity (Smart,
2015; Smart et al., 2015; Otto, et al., 2016). Previous studies report sub-lethal
concentrations of agrochemicals in bee bread collected from honey bee colonies and there
are a number of studies linking malnourished bees to these agrochemical exposures
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(Smart, 2015; Smart, et al., 2016; Otto, et al., 2016; Schmehl, et al., 2014; Johnson et al.,
2010; Škerl et al., 2009).
Pesticide exposure
There are multiple natural and synthetic chemistries that honey bees encounter in
their lifetime, including in-field and in-hive agrochemical exposures (Anderson & Atkins,
1968). As a eusocial superorganism, specialized individuals called workers are tasked
with the retrieval of pollen, nectar, propolis and water from sources that can be at 10 km
or more from their hive (Johnson et al., 2010; Seeley, 1989). Pollen and nectar produced
by plants will often contain environmental pollutants, systemic pesticides (i.e.
neonicotinoids) and plant synthesized xenobiotics analogous to synthetic chemistries
(Kretschmar & Baumann, 1999; Singaravelan et al, 2006); Kezic, et al., 1992). Honey
bees pollinating crops may retrieve water contaminated with herbicides and other
agrochemicals (Johnson, 2015). High demand for pollination services and the
introduction of in-hive parasites and pathogens (Varroa destructor & Paenibacillus
larvae) have created a reliance on in-hive chemical interventions including, taufluvalinate, amitraz, fumagillin-b, tylosin tartate, and oxytetracycline (NAS, 2007; Elzen,
Baxter et al, 2007; Johnson et al., 2013). Even without treatment, many of the chemistries
are present in 99% of the wax matrices tested (Mullen et al., 2010). Concerns have been
raised over the effects of in-hive treatments on the health of honey bees and their gut
symbionts (Tian et al, 2012; Evans & Schwarz, 2012; Kakumanu et al, 2016).
Disruptions in gut flora are reported from the use of agrochemicals, increasing the
likelihood of honey bees acquiring fungal and bacterial infections (Kakumanu et al.,
2016; Pettis et al., 2013; ReyBroeck et al, 2012).
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Honey bee gut microbes
Honey bees have a sophisticated system of intestinal symbionts composed of nine
highly conserved bacterial groups (Kwong & Moran, 2016). The primary microbiome
taxa, including Snodgrassella alvi, Gilliamella apicola, Lactobacillus Firm-4 and Firm 5,
Bifidobacterium asteroides, Frischella perrara, Bartonella apis, Parasaccharibacter
apium, Acetobacter and Gluconobacter sp., are in the distal hindgut (Kwong & Moran,
2016). While some of these characteristic bacteria, and other minor taxa, are present
during larval development they are shed prior to pupation along with their digestive
system. The adult honey bees acquire their adult gut consortium within 6-10 days after
eclosion via fecal-oral transmission, hive material contact, and oral trophallaxis (Powell,
et al., 2014; Martinson et al., 2012). These bacteria are reported to facilitate carbohydrate
synthesis, amino acid synthesis, toxin degradation, and colonization resistance (Kwong &
Moran, 2016; Engel et al., 2012; Kwong et al., 2014). Chemical exposures or
malnutrition can lead to the disruption or maladaptation of this bacteria consortium and,
in turn, can diminish the beneficial capacity of the symbionts (Maes et al., 2016; Alaux et
al., 2010). Without the colonization resistance provided by the microbiome, opportunistic
(and pathogenic) bacterial populations from the families Kiebsiella, Pantoea,
Enterobacter and other Gamma-proteobacteria, and the fungal pathogen N. ceranae, are
observable in the ileum and rectum of the honey bee (Moran et al., 2012; Sabree et al.,
2012; Tarpy et al., 2015). N. ceranae is fatal to bees on its own, and has been
demonstrated to increase the sensitivity of honey bees to pesticides (Higes et al, 2009;
Higes et al, 2010; Alaux et al, 2010; Antúnez, et al, 2009). Fungal pathogens, antibiotics
and poor nutrition are reported to increase the sensitivity in honey bees to pesticides
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(Kakumanu et al., 2016; ReyBroeck et al., 2012; Maes et al., 2016; Alauxet al., 2010). A
contributing factor of this increased sensitivity may be due to a microbial dysbiosis
within the honey bee gut (Anderson & Ricigliano, 2017).
Microbial dysbiosis
Dysbiosis, or dysbacteriosis, is defined as a microbial imbalance on or inside a
body (Carding et al., 2015). When these alterations occur, a usually dominate species is
underrepresented and/or is outcompeted by a species filling this void. The classic
example is when a dominant benign or beneficial bacterium is killed off by antibiotics
with pathogenic antibiotic-resistant microbes present. This viable group of bacteria, now
uninhibited by colonization resistance, can replicate and harm the host (Goudarzi et al.,
2014). While this is an over simplification of the disease state, the majority of dysbiosis
are far more complicated and still require a large amount of research. A dysbiosis is more
of a state of constant ecological fluctuations continuing until reaching ecological
homeostasis or with medical intervention (Goudarzi et al., 2014). This state coalesces
after a large loss (e.g. from xenobiotics), nutritional deficit, invasion by parasites or stress
from the host are reported in humans and bees (Kakumanu et al., 2016; Alou et al., 2016).
Regardless, these or other causative elements are described as dysbiotic events (Schippa
& Conte, 2014). After a dysbiotic event occurs from antibiotic treatment or pesticide
exposure it may lead to the loss of beneficial functions like allochthonous bacterial
inhibition, detoxification, nutrition metabolism or host immune system alerts (Mezzelani
et al., 2015; McDermott & Huffnagle, 2014). During these outbreaks, former microbial
function may be altered creating exotic waste products with unknown effects on the hosts
immune, nervous and endocrine systems (Le Bastard et al., 2017) It is reported that the
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gut can be resilient to alterations due to a reservoir of resistant microbes and recover but
core functions may be lost. This is due to the ecological selection pressure (i.e genetic
bottleneck) as the remaining viable portion will be the recovering group (Mezzelani et al.,
2015; Anderson & Ricigliano, 2017). Therefore, even a minor abatement from acute
exposure to xenobiotics can be detrimental to a host.
Dysbiosis caused by agricultural and apicultural pesticides as well as microbial
pathogens are reported in honey bees and may affect both the workers, and function of
the colony (Anderson & Ricigliano, 2017). Unfortunately, despite a large research
interest in the dysbacteriosis of beneficial symbionts in both humans and honey bees
most of what is known about dysbiosis pathogenesis is inferred using metagenomics
approaches to compare differences between health and unhealthy individuals (DeGruttola
et al., 2016). This valid approach has limitations, including a functional limitation of PCR
where DNA is amplified regardless of the viability of the microbes (i.e. live/dead;
Delgado-Viscogliosi et al., 2009). Researchers must pick a time long enough to ensure
that symbiont genetic material has been digested or excreted by the host or their
symbionts. This makes studying the development of a dysbiosis problematic as you can
only observe the result. As explained in the previous paragraph, the remaining viable
portion of bacteria following a dysbiotic event are the deciders of the future state of the
gut. A molecular approach that is more sensitive to population viability changes is
warranted.
Viability with PCR (vPCR)
Viability with PCR, or vPCR relies on molecular dyes that penetrate the cell
membrane of compromised (non-viable) cells binding to dsDNA. When these treated
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samples are exposed to high intensity light the bond between dsDNA and propidium
monoazide becomes covalent and thus irreversible. This new dsDNA-PMA complex is
difficult to extract and makes the binding from any DNA polymerase (and amplification)
virtually impossible (Nocker et al., 2007; Nocker et al., 2006). Thus, PMA treatment
removes DNA from dead cells from your sample. The comparison between PMA-treated
versus PMA-untreated samples is referred to as vPCR. vPCR been used in the past to
determine viable portions of bacteria but has not been used to study gut microbiomes or
dysbiosis. Although it has been hypothesized that based on the success of previous
experiments, PMA could be used for the detection of viable portions within microbiomes
(Cangelosi & Meschke, 2014). Primarily these experiments have been in human
food/health safety. For example, the use of PMA on live and dead proportions of
Cryptosporidium parvum or the detection of 5 different groups of viable bacteria from
oral biofilms (Nocker et al., 2007; Agulló‐Barceló et al., 2014; Àlvarez et al., 2013).
These two experiments provide evidence that PMA can be used to detect viable
proportions of diverse symbiotic bacteria.
Research rationale
Honey bee are pollinators that are essential to secure our nutrition with a rising
population, but are currently facing stressors from pathogens and agrochemicals that
threaten their survival and our food security. Microbiomes help bees defend against
invasive pathogens, but when affected by dysbiotic events, it may increase the
vulnerability of honey bees to pathogens. These events may be initiated by agrochemical
exposures, but this unclear due to the limits of current research methods for
characterizing the effects of acute chemical exposures on the microbiomes of honey bees.

10

To improve the health of these managed pollinators, an improved research technology is
warranted to better understand chemical-induced dysbiosis in honey bees. The overall
hypothesis of this research study is that honey bee microbiome abundance and diversity
are affected by the acute exposure to agrochemicals.
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CHAPTER 2, VIABILITY qPCR IN INSECTS
INTRODUCTION
Agricultural insect populations, both beneficial and pest, are influenced by
entomopathogens, including fungi, viruses, and bacteria. Beauveria (fungi), Bacillus
thuringiensis (bacteria) and Baculoviridae (viruses) are used as biological control agents
to control insect populations. Disease, from biocontrol agents or natural exposure, is one
of the largest modulator of population growth from death for pest insect species as well
as beneficial pollinators (Bonsall, 2004; Meixner, 2010). A better understanding of how
insects ward off disease may protect pollinators and decrease pest insect populations.
Insects immune systems use a variety of mechanisms to defend against these pathogens
including exclusion as well as humoral and cellular defense responses (Strand, 2008). It
is suggested that these systems, as well as other physiological mechanisms, are microbedependent and develop in a way analogous to mammalians and other invertebrates
(Ridley, et al., 2013; Moreau et al., 1978). Tsete flies reared without symbionts have less
hemocytes (Weiss et al., 2012). Drosophila have reduced lifespans, increased risk of
disease and reduced immune response when reared without symbionts (Broderick et al.,
2014). Insect-microbe interactions extensively studied in beneficial insects. Pollinators
exposed to the fungicide chlorothalonil or the antibiotics ampicillin/oxytetracycline
experience a dysbiosis, or imbalance of flora in the gut microbiome (Kakumanu et al.,
2016; Raymanm et al., 2017). Dysbiosis can occur in different ways, such as the creation
of pathobionts, low diversity and/or removal of beneficial symbionts (Petersen & Round,
2014). Depauperation of symbionts in the guts of insects from changes in diet, chemical
stressors, or pathogenic microbes are hypothesized factors for this imbalance, but little is
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known about the ecological process that leads to their formation (Vangay et al., 2015;
Hambi et al., 2011). It is important to understand how these dysbiosis form as a crucial
step to predicting their avoidance and/or treatment but is limited by current techniques.
There are few techniques available to measure the development of a dysbiosis as it
requires the rapid analysis of (proportion of live and dead) of gut microbe populations
changes that elicit these events. Previous studies report the bacterial abundance changes
in abundance/diversity using qPCR/genomic sequencing after 3-30 days of continuous
oral exposure allowing for the digestion and excretion of dsDNA (Delgado-Viscogliosi et
al., 2009; Nocker et al., 2007; Nocker et al., 2006; Agulló‐Barceló et al., 2014; Alou,
Lagier, & Raoult, 2016; Foster et al., 2017; Schippa & Conte, 2014; Cangelosi &
Meschke, 2014; Àlvarez, et al., 2013). We hypothesized the use of propidium monoazide
(PMA) could eliminate the detection dsDNA from non-viable microbes in gut
homogenates allowing rapid detection of gut abundance changes.
The specific aims of this research study were to develop a culture independent
system using Escherichia coli in the model organism Drosophila melanogaster that was
comparable to conventional plating viability assays. Here, I report the development and
comparison between a PMA-based qPCR technique and conventional plating that can
measure changes in relative proportion of E. coli in D. melanogaster following 4 h of
treatment.
MATERIALS AND METHODS
Establishing an Escherichia Coli standard curve
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Future experiments would require a quick and reliable method for determining
bacterial concentration. Few techniques are more reliable than conventional plating
techniques to count colony forming units of bacteria (CFU). The CFUs were counted on
Luria-Bertani (LB) agar (Sigma Aldrich, St. Louis, MO) after it was inoculated with
Escherichia coli K-12 (Carolina Biological Supply Company, Burlington, NC) and
incubated 24h at 37°C (300 RPM). This solution of will be referred to as cultured stock
solution. Thirty microliters of E. coli diluted in dH2O (1:104, 105, 106, 107 and 108
CFUs/mL) were spread onto LB agar plates. Each dilution was spread on 5 plates and
replicated in triplicate. The optical density of each dilution was measured using a
Quickdrop (Molecular Devices, LL. San Jose, CA) at the wavelength of 600nm so future
CFU counts could be assessed using the optical density alone. The plates were incubated
at 37°C for 24h and the CFU/mL for each plate was estimated using the following
equation:
𝐶𝐹𝑈𝑠

(0.030𝑚𝐿 ∗ 𝐷𝑖𝑙𝑢𝑡𝑖𝑜𝑛 𝐹𝑎𝑐𝑡𝑜𝑟 ).
DNA was then extracted from E. coli diluted cultured stock solutions (i.e., 0.1,
0.3, 0.5, 0.7, 0.9, 1, 2, 3, 4, 5, 10, 30, 50, 70, and 90% in dH2O) using a DNeasy Blood
and Tissue Kit (Qiagen Inc. Hilden, Germany). An additional gram-positive bacteria lysis
step within DNeasy kit was used for extractions. The isolated DNA was qPCR-amplified
using an iTaqTM Universal SYBR® Green Supermix (Bio-Rad Laboratorties, Inc.,
Hercules, CA) in a CFXTM Real-Time PCR Detection System (Bio-Rad Laboratories,
Inc.). The qPCR products were amplified using universal bacterial rRNA 16s primers
(forward: 27F - 5’ AGAGTTTGATCCTGGCTCAG and reverse: 355R - 5’
CTGCTGCCTCCCGTAGGAGT) with the following conditions: 50 C for 2 min, 95 C
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for 10 min, 40 cycles of 95 C for 15 sec, 60 C for 30 sec, 72 C for 30 sec, and 72C
for 10 min.
Axenic Drosophila melanogaster rearing
Wild type Drosophila melanogaster (item number 172100; Carolina Biological
Supply Company, Burlington NY) were used to examine the viability of gut bacteria in
insects. The flies were maintained in the laboratory using standard rearing protocols as
described by Carolina Biological (Carolina Biological, 2018). To investigate the potential
of PMA to detect in-gut changes in viability we reared axenic D. melanogaster using a
method developed by Ridley, Wong, & Douglas in 2013. Sterile diet (500g dH2O, 50g
Brewer’s Yeast, 50g sucrose and 6g agar) was boiled and mixed sequentially 3 times then
7.5 mL was poured into 50 mL conical tubes. The tubes were placed in an autoclavable
polypropylene rack and each cap was loosely fit onto each tube. The lid was put on the
rack containing the tubes and autoclaved at 121C for 25 min. After autoclaving racks
were removed and allowed to cool. Conical tube lids were tightly fit and racks were
stored at 4 C.
Agar-grape juice plates were made by microwaving solution containing 100 ml
water, 10 g brewer's yeast, 10 g glucose, and 1 g of agar and brought to boil 3 times. Ten
grams of frozen grape juice concentrate was added to increase egg visibility. After
solidification of agar plate a yeast paste of 1g Brewer’s Yeast and 15g water was spread
on the top of each plate. Each paste covered agar-grape juice plate was secured using
clear tape to the bottle of a closeable. Approximately 300 Wild-type D. melanogaster
were placed in each container for 20h at 37C in a darken incubator. The now egg
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covered agar plate was removed. Yeast paste containing eggs was rehydrated and
poured/brushed off and cleaned three times with 1% sodium hypochlorite solution in
biosafety cabinet. Eggs were placed using a cut pipet tip in the 50 ml conical tubes
containing sterile diet discussed previously. Colonies were given a month to reach
optimum levels and then continual transferred to new conical tubes (also containing
sterile diet) to increase the colony numbers.
Axenic Drosophila melanogaster fed solution standards containing viable and
nonviable Escherichia coli
A culture of E. coli was prepared in LB liquid medium overnight. The optical
density of the bacterial culture was measured at 600nm the next day giving a
concentration of 1.6 x 108. Two 15 mL conical tubes each filled with 0.5g of Brewer’s
Yeast, 0.5g sucrose and 4g dH2O were autoclaved and allowed to cool to room
temperature. Both tubes were inoculated with 4*106 CFU/mL of the E. coli culture. One
tube was put in a 90°C water bath for 10 min to kill the bacteria (i.e. non-viable). These
viable and non-viable bacterial samples were used to prepared proportions of live and
dead bacterial food for the axenic flies. A cohort of axenic flies were placed in a sterile
50-mL conical tube for 24 h without food or water. Two and a half microliters of the
viable bacterial-yeast-sucrose blend and 7.5 µL of non-viable were pipetted into a sterile
1.5 microcentrifuge tube and labeled 25%. This was repeated for 5 different proportions
(i.e., 0, 50, 75 or 100% viable bacteria with 100, 50, 25 or 0% non-viable bacteria) each
totaling 10 µL and repeated in triplicate. Using a sterilized art brush five axenic flies
were placed into each microcentrifuge tube. After 4 hours of feeding flies were washed 3
times in sterile saline solution made with 8.4g NaCl, 4.2g NaHCO3, and 1000g dH2O.
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Axenic flies heads (n=5) were removed with forceps, their bodies were placed in 600 µL
of sterile dH2O, and homogenized with sterile micropestels and a PRO 250 Homogenizer
(PRO Scientific Inc, Oxford CT).
To estimate the number of CFUs for each sample 10 µL of the homogenate was
diluted 400-fold and plated in triplicate on LB agar plates and incubated for 24 h at 37°C
(Figure 3). Two, 250 µL aliquots of each homogenate were pipetted into separate 1.5 mL
microcentrifuge tubes marked PMA-treated or PMA-untreated. PMA-treated samples
were treated with 1.25 µL of PMAxx (Biotium, Inc. Fremont CA). PMA-untreated
samples were provided 1.25 µL sterile dH2O. The PMA-treated and untreated samples
were light protected and incubated at 37°C on a rotary shaker for 10 minutes (900 rpm).
A Limo Studio 650-W Studio Light AGG1026 with a OSRAM FRK 650 W 120V
halogen light bulb was used to light-treat the samples. For cooling purposes, samples
were fixed at 45° in an aluminum foil trench with ice directly underneath. Light was
placed directly over samples (~20 cm). Samples were exposed for 6 min on intervals of 2
min. Between each interval tube were vortexed to ensure even dispersal of light and
dissipate heat. DNA was then extracted using a DNeasy Blood and Tissue Kit (Qiagen
Inc. Hilden, Germany). An additional gram-positive bacteria lysis step within DNeasy kit
was used for extractions. The isolated DNA was qPCR-amplified using an iTaqTM
Universal SYBR® Green Supermix (Bio-Rad Laboratorties, Inc., Hercules, CA) in a
CFXTM Real-Time PCR Detection System (Bio-Rad Laboratories, Inc.). The qPCR
products were amplified using universal bacterial rRNA 16s primers (forward: 27F - 5’
AGAGTTTGATCCTGGCTCAG and reverse: 355R - 5’
CTGCTGCCTCCCGTAGGAGT) with the following conditions: 50 C for 2 min, 95 C
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for 10 min, 40 cycles of 95 C for 15 sec, 60 C for 30 sec, 72 C for 30 sec, and 72C
for 10 min.
A standard curve was used to estimate the bacterial concentrations of all experiments
using qPCR. Cycle threshold (Ct) values increase logarithmically with higher
concentrations of DNA and logarithms of Ct values and CFU/mL were used to increase
the linearity of the standard curve. Each Ct value was then converted into the
corresponding CFU/mL value. The total CFUs within each sample (PMA-treated) were
statistically compared for significance using a standard analysis of variance (ANOVA;
(Hoaglin & Welsch, 1978). CFU values and for viable portions (PMA-untreated) were
statistically compared to other viable portions using a Tukey’s test (Cooley & Tukey,
1965). Relative proportions for conventional plating were generated using the average
amount of viable CFU/mL of the 100% viable bacteria divided by 0-75% viable bacteria.
Relative proportions and the method of testing (i.e., conventional plating vs. vPCR) for
viability were statistically compared using a standard one -way ANOVA. All statistical
comparisons were performed using the software GraphPad Prism v7 (GraphPad
Software, Inc., La Jolla, CA).
RESULTS
Comparison of viability between conventional plating and viability quantitative
PCR (vPCR)
PMA binds to exposed dsDNAfrom non-viable cells excluding it from extraction
and amplification. In other words, DNA amplified will only represent the viable cells.
Untreated samples will be representative of the total 16s DNA. CFU/mL and relative
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proportion from conventional plating or vPCR are illustrated in figure 2A-D. Bacterial
concentrations (CFU/mL) increased as the proportion of viable bacteria is increased in
both methods. Dividing the number of CFUs/mL of one treatment (Figure 2D) measured
using conventional plating by the sample with 100% bacteria created a relative proportion
value for each sample (Figure 2C). These relative proportions for samples 25-75% are
22.7, 49.7 and 76.8%, respectively. Relative proportions or CFU/mL from figures 2A-B
which used an E. coli standard curve to calculate CFU/mL for PMA-treated or -untreated
samples. Treated samples representing the remaining living bacteria are divided by the
untreated samples (i.e., total bacteria) to give the relative proportion. These relative
proportions for samples 0-100% are 0.1, 28.1, 52.6, 72.7 and 101.8, respectively. The
total bacterial load within each sample (Figure 2B) is not significantly different from
each other sample (P = 0.07). Viable bacterial concentrations of standards quantified by
vPCR or conventional plating are not significantly different (P = 0.41). Statistical
comparison between the relative proportions in both methods was not significantly
different (P= 0.48). This verification step provides evidence that vPCR on insect gut
homogenates is a comparably accurate method for determining relative proportion and
CFU/mL as conventional plating.
DISCUSSION
In this study, we constructed standard curves to determine microbial
concentration within the gut of D. melanogaster using qPCR as well verify the use of
PMA on gut homogenates to determine viability While qPCR has been used in the past
on honey bees to determine the quantity of bacterial alteration it required 3+ days of
continuous exposure after antibiotic feeding and does not account for viability (Raymann
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et al., 2017). Using qPCR to determine CFU/mL has distinct advantages over
conventional plating including sensitivity, detection of non-culturable microbes and less
of a time/space commitment something that is important when processing environmental
samples containing a diverse population of bacteria (Delgado-Viscogliosi et al., 2009).
Previous research in soil, mammalian and invertebrates has used qPCR to accurately
determine microbial concentration but it was unclear if molecular dyes would work along
with this technique (Nocker et al., 2007; Nocker et al., 2006). These data support that
viable bacterial concentrations and proportions can be accurately measure and are
comparable to conventional plating. However, it is unclear whether this system would
work in a diverse microbiome like those found in other insects. Molecular dye
effectiveness can be affected by contaminates (bacterial biofilms, plant-based substances
or other unknown particulates) like those found in gut homogenates from insects that are
not laboratory reared. Although work on 5 groups of bacteria within oral biofilms in did
not affect PMA’s capability to suppress qPCR signals from non-viable dsDNA (Àlvarez
et al.,2013). However, further work would be needed to verify whether PMA would
work on environmental samples such as insect guts and whether a standard curve would
be appropriate method to measure relative proportion in these samples. The use of
viability stains on insect guts also allows for the observation of bacterial abundance
changes within hours. This lack of information from traditional approaches can be
capitulation in figure 2. CFU/mL or the total DNA concentration did not significantly
change after 4 hours but when viability stains like PMA were used these changes were
observable. This initial period may be crucial to understanding the effects of xenobiotics
on the microbiome.
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CONCLUSION
An important aspect of this approach is the length of time it takes to detect
changes. Reducing the time commitment would allow research of microbial changes
within hours of exposure as well as provide more insight on triggers of microbial changes
as they occur. Acute exposure from antibiotics, pharmaceuticals or agrochemicals may
influence how disease states like dysbiosis form. While dysbiosis events are measurable
with sequencing, current techniques are unable to examine the initial symptoms that may
be crucial to prevention and or recovery. This is further complicated by the amount of
money required to perform analyses to detect these events. The assay described here
decreases the time required to measure changes in microbiota within the gut of D.
melanogaster by measuring viability; making it a powerful tool for understanding
microbial/host relationships and the discovery of stressors that cause dysbiosis in a broad
array of both pest and beneficial insect systems.
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CHAPTER 3, GUT SYMBIONT VIABILITY OF HONEY BEES EXPOSED TO
AGRICULTURAL STRESSORS
INTRODUCTION
The honey bee, Apis mellifera L., is a well-known honey producer and pollinator
of agricultural crops world-wide. It is estimated that agriculturalists employ over $220
billion USD worth of pollination services, worldwide, annually. In the US, over 33% of
the crops produced annually require insect pollination (Morse & Calderone, 2000; Gallai
et al., 2009). In the last few decades, a decline in honey bee colonies have been reported
nationally and internationally (vanEnglesdorp & Meixner; Klein et al., 2007;
vanEngelsdorp et al., 2007). As a result, reduced crop production is predicted if the trend
continues (Korpela et al., 1992). The potential causes of this decline are multifactorial,
including pesticide exposure, poor nutrition, parasites and pathogens (Graystock et al.,
2013; Brodschneider & Crailsheim, 2010; Rands & Whitney, 2010; Gill et al., 2012;
Goulson et al., 2015; Sih et al., 2015; Coors & De Meester, 2008).
The high demand for pollination services has resulted in the reliance on in-hive
chemical interventions, including the antibiotics with the active ingredients tylosin,
oxytetracycline, and fumagillin to control of pathogen infections and parasite infestations
(Herbert & Shimanuki, 1978; Johnson et al., 2013). Regardless of these interventions, or
lack thereof, chemical residues can remain persistent in several hive matrices along with
agrochemicals such as chlorothalonil (Mullen et al., 2010). There are concerns regarding
the health effects of these chemical interventions and agrochemicals on honey bees and
their gut symbionts (Tian et al., 2012; Evans & Schwarz, 2012; Kakumanu et al., 2016;
Pettis et al., 2013).
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Honey bees have a sophisticated system of intestinal symbionts of which a core
group is highly conserved in virtually all individuals globally. These symbionts,
composed of Lactobacillus Firm 4, Lactobacillus Firm-5, Bifidiobacterium asteroides,
Gillamella apicola, Frischella perrera, Snodgrassella alvi, and Bartonella apis that have
been reported to facilitate carbohydrate synthesis, amino acid synthesis and toxin
degradation (Kwong & Moran, 2016). One of their primary roles theorized to be in the
exclusion of allochthonous microbes and development of the host’s immune system
during the initial stages of development. However, when the gut flora is disrupted, by
poor nutrition or other chemical agents, it may increase their susceptibility to gut
pathogens (Anderson & Ricigliano, 2017). Understanding to agents that increase
pathogen susceptibility by cause a gut microbe maladaptation is critical to keeping
pollinators healthy.
For this study, I measured to changes in relative proportion of honey bee gut
microbiomes exposed the agrochemical and antibiotics active ingredients, including
chlorothalonil, fumagilin-B, tylosin, and oxytetracycline using qPCR and 16S rRNA
sequencing. Together, these results demonstrate that despite a substantial loss and a
significant reduction in the abundance of core members of the microbiome compromising
both in diversity and in community structure.
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MATERIALS AND METHODS
Honey bees
Honey bee foragers (200+) were taken in the June of 2017 from a single colony
containing 1 queen and approximate 30,000 individuals housed on the University of
Nebraska (Lincoln, NE). A nylon net was constructed to capture returning foragers. After
being placed over the entrance for 5 min the net was bundled up and placed into a trash
bag. Foragers were anesthetized with CO2 and separated into different cups based on
treatment and allowed to feed freely on 50% (w/v) sucrose solution overnight in dark
incubator at 32℃. After overnight feeding bees were starved for 6 hours. Bees within
treatment group “before feeding” gut homogenates were dissected, and DNA was
extracted.
Chemical treatments
The bees were maintained at 32 C and provided a 50% (w/v) sucrose solution.
Next, the bees were starved for 6 h. One group was immediate dissected as a control for
starvation and labeled before feeding (BF). As a negative control for diet, honey (HON)
extracted from on-site hives was fed to one group for 4 hours. The remaining 7 groups
were fed sucrose solutions (50% sucrose w/v) within antibiotics/fungicides these groups
included sucrose solution control, tylosin (188 µM) , 3 different concentrations of
oxytetracycline (4, 41, and 410 µM), the fungicides fumagillin (55 µM) and
chlorothalonil (0.3 µM) for 4 h followed by a 50% (w/v) sucrose solution for 20 h. Bees
were washed and dissected following this recovery period, with the exception of the BF
group which was processed earlier.
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Dissection procedure
The dissection protocol was in line with previous work by Engel et al., 2014. Bees
anesthetized with CO2 gas were surfaced disinfected with 70% ethanol (1-10s), then were
placed in centrifuge tubes containing 1% solution of sodium hypochlorite on rotary
shaker set to 300 rpm for 5 minutes. Bees were rinsed 3 times with sterile dH2O then
sterilized forceps were used pull the stinger– midgut out of the bee. The ileum and rectum
of the bee was removed and placed into 1200 µL of sterilized dH2O for homogenization
(PRO 250 Homogenizer, PRO Scientific Inc, Oxford, CT). This procedure was repeated
in triplicate. A 500 µL aliquot of each homogenate was placed into new 1.5-mL
microcentrifuge tubes and labeled PMA-treated or PMA-untreated and covered with
aluminium foil. An aliquot of 1.25 µL PMAxx (Biotium, Inc. Fremont CA) or sterile
water added to the PMA-treated and PMA-untreated samples, incubated at 37°C for 10
min on a rotary shaker at 300 rpms. Following the incubation, the foil was removed from
each centrifuge tube and the samples were placed on ice. Next, the samples were
exposed a Limo Studio 650W Studio Light AGG1026 with a OSRAM FRK 650W, 120V
halogen light bulb for three 2 min. intervals, while vortexing each sample between each
interval. The DNA was isolated using a DNeasy kit (Qiagen Inc. Germantown, USA),
with slight modifications. A gram-positive lysis buffer was used for the extraction of
Lactobacillus and Bifidobacterium spp according to the manufacturer’s protocol. The
DNA was stored at -80 ℃ for PCR and sequencing.
qPCR protocol
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The DNA from gut homogenates was qPCR-amplified using an iTaqTM Universal
SYBR® Green Supermix (Bio-Rad Laboratorties, Inc., Hercules, CA) in a CFXTM RealTime PCR Detection System (Bio-Rad Laboratories, Inc.). The qPCR products were
amplified using universal bacterial rRNA 16s primers (forward: 27F - 5’
AGAGTTTGATCCTGGCTCAG and reverse: 355R - 5’
CTGCTGCCTCCCGTAGGAGT) with the following conditions: 50 C for 2 min, 95 C
for 10 min, 40 cycles of 95 C for 15 sec, 60 C for 30 sec, 72 C for 30 sec, and 72C
for 10 min.

16S rRNA sequencing protocol

The samples 16S rRNA region was amplified using PCR then sequenced and
analyzed by MR DNA Molecular Research LP (Shallowater, TX) using a bTEFAP®
sequencing platform as described by Dowd et al. (2008). bTEFAP® is a next-generation
sequencing platform used to characterize a wide range of human, animal, and
environmental microbiomes, including the intestinal populations from humans, cattle,
mice, and rats as well a wide array of environmental matrices (Dowd et al., 2008). A reengineered modern version of bTEFAP® has become one of the most widely published
methods for evaluating microbiota, which has been adapted to non-optical sequencing
technologies, such as the Ion Torrent PGM, Illumina MiSeq and HiSeq, and the PacBio
technologies.

The 16S bacterial primers 104F GGCGVACGGGTGAGTAA and 530R
CCGCNGCNGCTGGCAC were utilized to evaluate the microbial ecology of each
sample on the MiSeq, with methods via the bTEFAP® DNA analysis service. A single-
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step, 30-cycle PCR with HotStarTaq Plus Master Mix Kit (Qiagen, Valencia, CA) was
used for each sample under the following conditions: 94 °C for 3 min., followed by 28
cycles of 94 °C for 30 sec.; 53 °C for 40 sec, and 72 °C for 1 min.; after which a final
elongation step was conducted at 72 °C for 5 min.. Following PCR, all amplicon
products from different samples were mixed in equal concentrations and purified using
Agencourt Ampure beads (Agencourt Bioscience Corporation, MA, USA). The samples
were sequenced utilizing Illumina MiSeq technology following the manufacturer’s
protocols.

The Q25 sequence data derived from the sequencing process was processed using
a proprietary analysis pipeline. The sequences were depleted of barcodes and primers
and, then, the short sequences of < 200 bp are removed as were those sequences with
ambiguous base calls, and sequences with homopolymer runs exceeding 6 bp. Sequences
are then denoised and chimeras removed. The operational taxonomic units (OTUs) were
defined after removing singleton sequences and clustering at 1% divergence (99%
similarity; Dowd, Callaway et al. 2008; Dowd, Sun et al. 2008; Edgar 2010; Eren,
Zozaya et al. 2011; Swanson, Dowd et al. 2011). The OTUs were taxonomically
classified using BLASTn against a curated NCBI database, compiled into each taxonomic
level, and sorted into both “counts” and “percentage” files. The counts files contain the
actual number of sequences, while the percent files contain the relative (proportion)
percentage of sequences within each sample that map to the designated taxonomic
classification. For example, if there are 1000 sequences and 100 of the sequences are
classified as Staphylococcus then it is represented as Staphylococcus for 10% of the total
population.
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Statistical comparisons
The data was statistically analyzed using “R” packages XLstat, NCSS 2007, and
NCSS 2010 as well as GraphPad Prism (GraphPad Software Inc., La Jolla, CA). Using a
standard curve developed for Escherichia coli (Figure 1), I determined the colony
forming units (CFU/mL) per Ct values estimated by qPCR amplification. The Ct values
were converted to CFU/mL using the PMA-treated samples, or viable bacteria, divided
by the PMA-untreated samples, or total bacteria, to estimate the relative proportions. A
schematic of this procedure is viewable in figure 9. Relative proportions of the sucrose
control were compared to sucrose using a Dunnett’s multiple comparison test (Dunnett,
1955). The alpha and beta diversity analysis were conducted using Qiime
(www.qiime.org) as described previously (Callaway et al., 2008; Sun et al., 2008; Edgar.
2010; Zozaya et al., 2011; Dowd et al., 2011). After stringent quality sequence curation, a
total of 2,956,961 sequences were parsed and, then 2,072,411 were clustered. A total of
2,070,948 sequences were identified within the Bacteria domain and utilized for final
microbiota analyses. The average read per sample was 69,031. For alpha and beta
diversity analysis, the samples were rarefied to 30,000 sequences and bootstrapped at
20,000 sequences. Statistical comparisons of relative abundance were conducted using
ANOVA and post hoc pairwise comparisons were made using Tukey’s test (Cooley &
Tukey, 1965). Statistical comparisons of alpha diversity were conducted using KruskalWallis test, and Steel-Dwass post hoc for multiple pairwise comparisons (Kruskal, 1964;
Steel, 1961. Beta diversity (i.e., microbial community structure) was analyzed using
weighted UniFrac distance matrices. Principal coordinate analysis plots were used to
visualize the data in these matrices, and analysis of similarities (ANOSIM) was utilized
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to determine if there were any significant differences between the microbial communities.
Both Shannon and Simpson index values for each PMA-treated were statistically
compared to PMA-untreated samples using a student T test. Significance reported for any
analysis is defined as p < 0.05.

RESULTS
vPCR
Using a standard curve developed for Escherichia coli (Ch. 2), I determined the
colony forming units (CFU/mL) per Ct values estimated by qPCR amplification. The Ct
values were converted to CFU/mL using the PMA-treated samples, or viable bacteria,
divided by the PMA-untreated samples, or total bacteria, to estimate the relative
proportions shown in Fig. 3. This approach using relative proportion built on previous
work (Agulló‐Barceló et al., 2014) but used a E. coli standard curve instead of a DNA
dilution series. The relative proportion of 50% Sucrose (96% viability) vs.
Oxytetracycline (OX) 410µM (22% viability), Oxytetracycline 41 µM (30% viability),
Tylosin (18% viability) or Fumagillin (32% viability) had p-values < 0.0001 whereas
50% Sucrose vs Chlorothalonil (56% viability) had a significant p-value = 0.0063.
16S sequencing
I evaluated whether any specific genera were significantly different between
treatment groups. This procedure was repeated for both viable and total bacteria groups.
Two family members of Neisseriaceae (Snodgrassella and Stenoxybacter) differed
significantly when the antibiotic tylosin or the fungicide chlorothalonil was compared to
the sucrose control (as well as the before feeding group) for total samples (Snodgrassella:
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chlorothalonil vs.control; p = 0.01 vs. before p = 0.01; Stenoxybacter: Tylosin vs. control
p = 0.01; vs. Before 0.03; Figure 4). Viable samples only showed similar variation in
abundance within the genus Snodgrassella but not Stenoxybacter (Snodgrassella:
chlorothalonil vs.control; p = 0.001 vs. before p = 0.001; Stenoxybacter: Tylosin vs.
control p = 0.207; vs. Before 0.646; Fig. 4). Samples chlorothalonil and tylosin
experience significant variation between PMA-treated/untreated genera. For
chlorothalonil significant changes in Lactobacillus, Bifidobacterium, and rare taxa (p =
0.0448, 0.0023, and 0.0084, respectively). For tylosin only rare taxa significantly
changed (p = 0.31). Rare taxa are defined as genius not reported as the core microbiota of
honey bees. This procedure has been used in the past (Raymann et al., 2017) to determine
gut composition alterations.
Alpha diversity is an ecology term that refers to the diversity within a particular
area or ecosystem and is usually expressed by the number of species (i.e., species
richness) in that ecosystem. The number of operational taxonomic units (OTU) at the
species level was evaluated to define alpha diversity among the different groups. Alpha
diversity essentially evaluates how many different microbial species are within the given
sample or treatment group. Beta diversity is an analysis of the microbial community
structure. This analysis is performed by creating individual phylogenetic trees, without
regard for taxonomy, for each sample then statistically evaluating each tree among each
sample. A principal coordinate analysis is then performed to allow for visualization of 10
separate jackknife iterative comparisons. The multidimensional space is then described
within the 3 primary vectors. Beta diversity is essential how similar samples are to each
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other based on phylogenetic distance. Both alpha and beta diversity was evaluated in a
multivariate manner to determine changes between groups.
To provide a visual overview combined with analysis we utilize a dual hierarchal
dendrogram to display the data for the predominant genera with clustering related to the
different groups. Based on the clustering evident in Fig. 5, there does not appear to be a
clear distinction between treatment groups within bacteria untreated with PMA.
However, the clustering in samples treated with PMA (Fig. 6) found statistically
significant differences between groups.
Tables 1 and 2 show the mean rarefaction predicted OTUs and Shannon indices
data for the groups measured at a depth of 23,674 sequences. Statistical comparisons of
alpha diversity were conducted using Kruskal-Wallis test, and Steel-Dwass post hoc for
multiple pairwise comparisons (Table 3 and 4).. There were no significant differences
found between treatment groups in either of these alpha diversity metrics.
The microbial community structure was analyzed using weighted UniFrac
distance matrices. Principal coordinate analysis plots were used to visualize the data in
these matrices, and analysis of similarities (ANOSIM) was utilized to determine if there
were any significant differences between the microbial communities. Figure 7, shows
phylogenetic assemblage of the tylosin group to be significantly different from the other
treatment groups. Based on the ANOSIM R values (Fig. 7 and 8), we can determine that
there is a significant difference between treatment groups.
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DISSCUSSION
These findings demonstrate the use of viability PCR (vPCR) with PMA as a
potential system for the study of xenobiotic effects on honey bee microbiomes and
reveals an underlying core microbiota resilient to changes after a significant abatement.
Despite the economic and agricultural importance of honey bees and the growing interest
in the role xenobiotic exposure plays in their population decline the interactions between
the xenobiotics and their gut symbionts is poorly understood. Because these symbionts
are instrumental in honey bee carbohydrate metabolism, pathogen defense, and
detoxification, a lack of research surrounding the xenobiotic agents that kill symbionts
represent a critical gap of knowledge (Kwong & Moran, 2016). This deficit must be filled
if we are to better understand the sublethal effects of xenobiotics on the host immune
system and honey bee symbiosis for the development of more effective strategies to
mitigate colony loss.
The specific aim of the research performed here was to develop a culture
independent system for the detection of gut symbiont viability of honey bees and
understand how antibiotics and agrochemicals lead to a dysbiosis. The development of a
vPCR system to detect rapid changes in bacterial abundance within the gut of a honey
bee helps some of the major challenges facing xenobiotic-mediated effects on
microbiomes and provide insight into how dysbiosis form. Because DNA from live and
dead cells is indistinguishable, the remaining living microbes after a reduction are the
only ones capable of repopulating the gut. Culture dependent conventional methods for
the detection of viability (i.e. plating) are not a reliable form of detection using
environmental samples because of inconsistencies with growth conditions (Cangelosi &
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Meschke, 2014; Àlvarez, González,n Isabal, Blanc, & León, 2013). Therefore, the
observation of how viable symbionts respond to xenobiotics using culture independent
methods provides a more realistic and quicker system. The data presented in Figure 3
shows the initial effects of an acute exposure to field strength antibiotics tylosin and
oxytetracycline as well as fungicides chlorothalonil and fumagillin. Honey bee hives are
typically dusted or fed these solutions directly after an infection is suspected (Tian et al.,
2012). Once dusted, they begin to groom themselves with the tongue providing a possible
route of oral exposure (Hamiduzzaman et al., 2017). While the antibiotics tested here are
now regulated and require a prescription from a veterinarian, they are still prescribed and
provide a useful model for testing vPCR on gut microbiomes (Raymann et al., 2017). On
the other hand, chlorothalonil has a different route of exposure and is found in
approximately 50% of wax in the hive at concentrations ranging from 0.004 to 200 µM
with an average concentration of 4 µM (Mullen et al., 2010). The chlorothalonil
concentration provided to the bees in study was 12-fold less than the concentrations bees
would encounter while coming in contact with wax in the hive. The bee samples before
feeding honey and sucrose are useful baseline indicators that show antibiotics alter the
proportion of living gut symbionts in a concentration-dependent manner. Interestingly,
field strength oxytetracycline at 410 µM vs. oxytetracycline at 41 µM had no significant
differences despite a 10-fold increase in concentration. This may be due to a reservoir of
antibiotic resistant microbiomes that have been previously reported in honey bees (Tian
et al., 2012). Interestingly, fumagillin and chlorothalonil also have a similar, but reduced,
effect on the microbiome viability (Figure 3). Due to a deficit of techniques pertaining to
gut microbiome viability, or the limitations of this technique, it is unknown if a reduced
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number of symbionts would increase the risk of opportunistic microbes; however, other
studies with honey bees have reported a link between antibiotics and dysbiosis (Raymann
et al., 2017). For those samples where 16S rRNA regions were sequenced, there are
reductions and community changes, and a dysbiosis in the honey bee gut may be
discovered using a combination of vPCR and 16S sequencing.
Honey bees take on different roles throughout their development an after 3 weeks
an adult will begin foraging for water, pollen and nectar. These bees begin their flights in
the early morning and return hours later. This property was used to collect adults that are
all within a similar age with a constructed net. Because foragers are the working force of
the honey bee colony they represent an important group for the study of dysbiosis.
Dysbiosis are an intense area of research in beneficial insects because of the
pathogenic susceptibility a loss of symbionts has on the host as well as other costs to host
fitness (Raymann et al., 2017). This research approach presented here attempted to
understand if key groups would be eliminated after acute exposure to antibiotics, or
shortly thereafter, will lead to a dysbiosis (Raymann et al., 2017). It was observed that
there is an increase in the symbiont Snodgrassella in samples treated with chlorothalonil,
which has strong antibiotic properties. This supports evidence that chlorothalonil can
modulate the abundance of symbionts within the gut of honey bees as previous work
found with the genus Bartonella in response to chlorothalonil (Kakumanu et al., 2016).
Although, it was unclear if this would have a detrimental outcome to honey bees due to
the limitations of the experimental design. However, there was no significant change in
relative abundance between samples treated with or without PMA. This was surprising
because antibiotics with different modes of actions tend to affect different populations of
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gut symbionts. It is possible that the duration of the treatment, the recovery period, or the
uniform effect of antibiotics on gut symbionts may have reduced the expected changed in
abundance. Alternatively, honey bees may have a reservoir of bacteria that are resilient to
alteration and, perhaps, microbe specialization such as protective biofilms or location
based on their metabolic niche may provide shelter during a symbiont kill-off (Engel,
Martinson, & Moran, 2012). Biofilms in the families Neisseriaceae have been reported to
provide antibiotic resistance giving supporting this hypothesis (Greiner et al., 2005).
Lastly, the lack of significant changes in microbial abundance between sequenced
samples may be due to the lack of allochthonous (i.e., opportunistic) microbes present
during treatment and outside of this experiment, the results may play out differently.
Because of that lack of this allochthonous organisms in our experiment, beta diversity or
the structure of the community a Simpson index may be a better indicator of future
dysbiosis as there is not as much emphasis on the number of species present in the honey
bee gut (Hunter & Gaston, 1988).
Principle coordinate analysis of viable bacteria community structure shows a
significant clustering difference between honey bees fed chlorothalonil, tylosin, and
fumagillin (Fig. 8). Clustering based on viability was more discrete than traditional
sequencing and provided higher resolution on the surviving populations of bacteria
within the samples (Fig. 7). This may indicate the early signs of a perturbed microbiome
and eventual dysbiosis because of antibiotic or agrochemical exposure in the remaining
portion of the microbiome. Chlorothalonil has been reported to cause this affect in honey
bees in the past (Kakumanu et al., 2016), although higher concentrations and longer
exposure periods, which may indicate a risk to honey bee health.
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Ultimately, these data will assist scientists with better understanding the effects of
xenobiotics to honey bees. Also, because honey bees are a good model system for
studying ecological interactions and the consistent core microbiome between samples and
culturable groups, this system may provide new opportunities for studying honey bees
and their microbiomes.
CONCLUSIONS
Honey bees are a managed pollinator that is economically and agriculturally
essential if we are going to meet the demands of the worlds growing population but have
experienced many losses due to disease. Honey bees use their microbiome to help bolster
their immune system directly and indirectly with colonization resistance or carbohydrate
metabolism. This research provides evidence that xenobiotics are lowering the abundance
and community structure of these symbionts possibly disrupting their function and
increasing the risk honey bees face. The goal was to provide a technique that could assist
scientists with characterizing such alterations and to better understand their long-term
effects on the hive not only to elucidate how xenobiotics affect the symbiont-host
relationship but identify dysbiosis in general.
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CHAPTER 4, CONCLUDING STATEMENT
The primary goal of the research described here was to modify previous systems
of vPCR for use on microbiomes. Our summarized findings were three-fold, including
the development and testing of a vPCR system on the model organism Drosophila
melanogaster and the honey bee, antibiotics and agrochemicals like fumagillin and
chlorothalonil do reduce the number of gut symbionts within 24 hours of acute exposure
and the community structure is compromised and begins to differentiate within a day of
acute exposure. Raymann et al. (2017) and Kakumanu et al. (2016) found that
oxytetracycline and chlorothalonil can cause dysbiosis 5 or more days after exposure.
Honey bees are constantly exposed to a wide array of biotic and abiotic chemistries from
natural or artificial sources (Johnson, 2015). However, because they have less
detoxification genes and rely heavily on eusocial interactions within the hive to mitigate
potential loss in-hive treatment with acarcides, antibiotics, or pesticides present in wax
matrices may pierce these barriers making these interactions stronger (Mullin et al., 2010;
Claudianos et al., 2006). Microbiomes exist in the gut of bees but are also present on the
wax, pollen and propolis of the hive. Health bees/colonies require these highly conserved
symbionts to provide vital functions (Kwong & Moran, 2016). Understanding and
avoiding the agents that cause dysbiosis may help mitigate potential sublethal side effects
to keep managed colonies healthy. The rapid detection of these effects using this vPCR
will greatly decrease cost and time required when compared to previous studies.
Antibiotics as well as chlorothalonil are reported the have many other effects on
honey bees including increasing mortality, lowering the immunocompetence of the host,
increasing the effectiveness of pesticides (Raymann et al., 2017; Alaux, Ducloz, Crauser,
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& Le Conte, 2010; Alaux et al, 2010)]. It’s important to test and verify current paradigms
using new techniques to not only verify their accuracy but to also challenge the status
quo. While dysbiosis have been implicated to increase the pathogenesis of several
diseases, disrupt the development of the immune system and increase the presence of
pathogenic organisms it is unclear if a large abatement would lead to increased pathogens
(Mosca, Leclerc & Hugot, 2016). Because the gut symbionts exist in layers on the
epithelial wall, the host has many its own defenses and a reservoir of resistant bacteria are
reported in honey bees it remains uncertain if a loss of symbionts in adult bees would
have the predicated effect (Engel, Martinson, & Moran, 2012). Future research should
focus on whether a dysbiotic event can increase the number of pathogenic organisms in
the gut of an insect under controlled conditions observable via vPCR. Antibiotics and
fungicides are still used to treat foul brood and Nosema but may be harming bees and
their colonies by disrupting their microbiomes. This does not mean chemical
interventions should be prohibited as these actions are sometimes required to help the
colonies survival.
Finally, both vinegar flies and honey bees are useful model organisms for the
study of xenobiotic interactions, like dysbiosis, of animal microbiomes. Dysbiosis are not
just confined to research with beneficial insects but instead carry much more weight
when dealing with human health. Diseases like Crohn’s, autism, irritable bowel syndrome
and Celiac’s are some of the many life altering conditions strongly associated with the
human gut microbiome dysbiosis that impact the lives of people world-wide (Daulatzai,
2015) (DeGruttola et al., 2016). Humans, just like bees, encounter pharmaceuticals
chemistries like antibiotics or xenobiotics multiple times a day and this is expected to
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further increase in the coming decade (Kantor et al., 2015). As a result, concern over the
effects of these drugs on the human microbiome is a growing area of research and public
concern. Human microbiomes however come with more complications making the study
of such complex organisms difficult and therefore models like mice, vinegar flies or even
honey bees potential model organisms to study the basic interactions that lead to these
diseases. As enumerated previously there is difficulty with using sequencing or qPCR
when attempting to understand the ramifications (like dysbiosis) of acute exposure on the
microbiome. Furthermore, even when not researching acute exposure non-viable
organisms provide very little function to the host and therefore researching the viable
symbionts is probably more desirable. This method tested on honey bees and vinegar flies
may better equip researchers in the future to understand how a dysbiosis occurs and how
to stop or prevent them not just in insects but in other animals like humans.
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MULTIMEDIA OBJECTS

Figure 2. A Standard curve used to quantify bacterial concentration using qPCR.
This standard curve was used to assess all bacterial concentrations of Escherichia coli.
The production of a highly accurate (R2 = 0.9943 value) standard curve using cycle
threshold values (Ct) and measuring colony forming units per milliliter (CFU/mL) using
conventional plating allowed for the determination of concentration bacterial
concentration using qPCR.
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Figure 3: Comparison between conventional plating methods for viability detection
and viability detection using qPCR with PMA treatment. A) Relative proportions
based on colony forming units per mL (CFU/mL) of the viable sample where non-viable
DNA was removed with PMA divided by the total CFU/mL within non-treated samples
quantified using qPCR. Standards Drosophilia melanogaster fed proportions of live/dead
bacteria in a yeast-sucrose substrate. B) Because qPCR is more sensitive than
conventional plating when relative proportion is not considered variation between
samples (amount fed) becomes a problem. Nevertheless, differences can be determined
but the total amount within the gut of each fly varied. C) Conventional plating using
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relative proportions based on the CFU/mL of 0-75% over the 100% treatment. D)
Conventional plating based on the number of counted CFUs from diluted solutions of fly
gut homogenate.
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Figure 4: Relative proportion of live/dead bacteria within the gut of forager honey
bees based on vPCR. Before feeding (BF) were measured prior to treatment. Treatments
are Honey (HON) and 50% Sucrose (S). Other treatments are in 50% Sucrose including
Oxytetracycline 410µM (S+OX A), Oxytetracycline 41µM (S+OX B), Oxytetracycline
4µM (S+OX C), Tylosin 187.6µM (S+TY), Chlorothalonil 0.34 µM (S+CHL) and
Fumagillin-B 54.9µM (S+FUM). Significant values (“*”) were determined using
Graphpad Prism using a Dunnett’s Multiple comparison test. Values were compared to S.
Treatments HON and BF were excluded from the analysis
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Figure 5: Cumulative relative abundances of dominant genus in honey bees (n = 30).
A before feeding treatment was used as a baseline (BF) and sucrose was used as a control
and was present in all prior treatments. Bees were fed sucrose solutions Oxytetracyline
(OX), Tylosin (TY) or Chlorothalonil (CH) for 4 hours after a 6 hour starvation period
and allowed 20 hours to recover before gut homogenenates were extracted. Before DNA
extraction homogenenates were split and one half was treated with propidium monoazide
to remove non-viable dsDNA (marked “viable”). DNA was purfied, extracted and
sequenced. Operational taxonimic units (OTU) were used to determine genus. Each
genus OTU was divided by the total OTUs present to give relative abundance and
cumulative relative abundance.
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Figure 6: Dual hierarchal dendrogram evaluation of the taxonomic classification
data in samples untreated with propidium monoazide, with each sample clustered
on the X-axis labeled based upon the treatment. Samples with more similar microbial
populations are mathematically clustered closer together. The genera (consortium) are
used for clustering. Thus, the samples with more similar consortium of genera cluster
closer together with the length of connecting lines (top of heatmap) related to the
similarity, shorter lines between two samples indicate closely matched microbial
consortium. The heatmap represents the relative percentages of each genus. The
predominant genera are represented along the right Y-axis. The legend for the heatmap is
provided in the upper left corner.
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Figure 7: Dual hierarchal dendrogram evaluation of the taxonomic classification
data, with each sample clustered on the X-axis labeled based upon the treatment.
Samples with more similar microbial populations are mathematically clustered closer
together. The genera (consortium) are used for clustering. Thus the samples with more
similar consortium of genera cluster closer together with the length of connecting lines
(top of heatmap) related to the similarity, shorter lines between two samples indicate
closely matched microbial consortium. The heatmap represents the relative percentages
of each genus. The predominant genera are represented along the right Y-axis. The
legend for the heatmap is provided in the upper left corner.
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R statistic

p-value
0.293

0.030

R scales from +1 to -1. A value of +1 indicating the most similar samples are in the same
group. A value equal to 0 indicating there is no relationship observed between similar and
dissimilar samples
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Figure 8 : Principal coordinate plot of weighted UniFrac data from samples
untreated by propidium monoazide. Colors keyed on the Groups; Tylosin (Red),
Oxytetracycline (Yellow), Control (Light green), Chlorothalonil (Dark Green), and
Before (Blue). Based on the primary vector which explained 57.1% of the variation
between the groups. The first 3 vectors together exhibit 83.7% of the variation among the
groups.

50

R statistic

p-value

0.272
0.025
R scales from +1 to -1. A value of +1 indicating the most similar samples are in the same
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Figure 9: Principal coordinate plot of weighted UniFrac data from samples treated
by propidium monoazide. Colors keyed on the Groups; Tylosin (Red), Oxytetracycline
(Yellow), Control (Light green), Chlorothalonil (Dark Green), and Before (Blue). Based
on the primary vector which explained 59.4% of the variation between the groups. The
first 3 vectors together exhibit 86.7% of the variation among the groups.
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Figure 10: Schematic outline of the experimental procedure used to determine
percentage of intact bacterial cells in the gut homogenate of the insects Drosophila
melanogaster and Apis mellifera.
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Table 1A. Observed species in “total” samples with mean and standard deviation.
p = 0.227
Variable n=23674
Tylosin
Chlorothalonil
Oxytetracycline
Before
Control

Mean
272.333
375.667
388.000
357.667
346.667

Std.
deviation
19.140
36.295
39.154
56.074
92.576

Mean of
ranks
2.833
9.333
10.833
9.000
8.000

Table 1B. Shannon index of “total” samples with mean and standard deviation.
p = 0.246
Variable n=23674
Tylosin
Chlorothalonil
Oxytetracycline
Before
Control

Mean
3.631
3.950
4.217
3.956
3.719

Std.
deviation
0.042
0.132
0.211
0.461
0.679

Mean of
ranks
4.000
8.667
12.333
8.000
7.000
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Table 2A. Observed species in “viable” samples with mean and standard deviation.
p = 0.107
Variable n=23290
Tylosin
Before
Oxytetracycline
Chlorothalonil
Control

Mean
292.000
340.333
353.333
370.333
236.667

Std.
deviation
34.699
99.902
22.030
29.143
34.020

Mean of
ranks
5.667
9.667
10.000
11.667
3.000

Table 2B. Shannon index of “viable” samples with mean and standard deviation.
p = 0.098
Variable n=23290
Tylosin
Before
Oxytetracycline
Chlorothalonil
Control

Mean
3.405
3.645
3.738
3.666
2.705

Std.
deviation
0.097
0.510
0.296
0.380
0.410

Mean of
ranks
7.333
10.000
11.000
9.667
2.000
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Table 3. Summary of all pairwise comparisons with a significant difference found
in the mean relative abundance of genera between treatment groups untreated with
propidium monoazide.

Groups
Chlorothalonil
Oxytetracycline
Tylosin
Control
Before

Means(snodgrassella)
Contrast
18.408 Chlorothalonil vs Before
9.118 Chlorothalonil vs Control
8.637 Chlorothalonil vs Tylosin
Chlorothalonil vs
5.325 Oxytetracycline
4.665 Oxytetracycline vs Before
Oxytetracycline vs Control
Oxytetracycline vs Tylosin
Tylosin vs Before
Tylosin vs Control
Control vs Before

Groups
Tylosin
Oxytetracycline
Chlorothalonil
Before
Control

Means(stenoxybacter)
9.018
7.391
6.645
3.698
2.660

Contrast
Tylosin vs Control
Tylosin vs Before
Tylosin vs Chlorothalonil
Tylosin vs Oxytetracycline
Oxytetracycline vs Control
Oxytetracycline vs Before
Oxytetracycline vs
Chlorothalonil
Chlorothalonil vs Control
Chlorothalonil vs Before
Before vs Control

Standardized
difference
4.442
4.229
3.158
3.003
1.439
1.226
0.155
1.284
1.070
0.214
Standardized
difference
4.403
3.685
1.644
1.127
3.277
2.558
0.517
2.760
2.041
0.719
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Table 4. Summary of all pairwise comparisons with a significant difference found
in the mean relative abundance of genera between treatment groups treated with
propidium monoazide.

Groups
Chlorothalonil
Oxytetracycline
Tylosin
Before
Control

Means(snodgrassella)
20.783
10.106
7.315
3.452
3.054

Contrast
Chlorothalonil vs Control
Chlorothalonil vs Before
Chlorothalonil vs Tylosin
Chlorothalonil vs
Oxytetracycline
Oxytetracycline vs Control
Oxytetracycline vs Before
Oxytetracycline vs Tylosin
Tylosin vs Control
Tylosin vs Before
Before vs Control

Standardized
difference
6.062
5.926
4.605
3.650
2.411
2.275
0.954
1.457
1.321
0.136
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